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ABSTRACT: A considerable amount of effort has been expended studying the kinetics of association of
Escherichia coliRNA polymerase with promoter DNA in forming the open complex. Strand separation
occurs over about 12 base pairs and includes the transcription start site. However, these efforts have
been significantly hampered by the lack of a sensitive, real time method by which formation of an open
complex could be assayed. Here, we employ short (86 bp) synthetic promoters with 2-aminopurine (2-
AP) substitutions in the region that becomes single-stranded to spectroscopically monitor open complex
formation. We demonstrate that promoters bearing the substitutions behave in a manner similar to that
of those containing only the four common bases with respect to both the region of strand separation and
start site selection. Open complex formation was found to yield an increased fluorescence signal with an
emission maximum characteristic of 2-aminopurine. This spectroscopic assay for open complex formation
was found to be well-suited to the investigation of a strong promoter, allowing open complex formation
to be followed over a time scale of seconds with a stopped flow apparatus. The introduction of two
additional nonconsensus base pairs in the-35 region resulted in a promoter for which open complex
formation was 100-fold slower. The same substrates were also used to monitor the promoter re-annealing
that ensues upon initiation of RNA synthesis. Similar rates for this process were observed for the two
promoter variants employed in this study.

Control of transcription initiation can be exerted by
modulating the kinetics of formation of open RNA poly-
merase-promoter complexes (1). Thus, a considerable
amount of effort has been expended in studying the kinetics
of association ofEscherichia coliRNA polymerase with
DNA. However, these efforts have been significantly
hampered by the lack of a sensitive, real time method by
which formation of an open complex could be assayed. Here,
we demonstrate that the use of promoters with 2-aminopurine
(2-AP)1 substitutions in the region that becomes single-
stranded provides just such a method. The availability of a
spectroscopic signal opens the study of the interaction ofE.
coli RNA polymerase with its promoters to the use of
conventional stopped flow techniques, readily enabling the
determination of fast rates of open complex formation.
2-Aminopurine is an analog that forms a Watson-Crick

base pair with T in a normal B-form DNA helix which is
only slightly weaker than an A-T base pair (2-5). In a DNA
template, 2-AP pairs predominantly with dTTP during
polymerase-directed DNA synthesis and oligodeoxynucle-

otides containing 2-AP within the recognition site ofEcoRI
restriction endonuclease are cleaved, albeit at a reduced rate
(6). However, unlike the four common DNA bases, 2-AP
is fluorescent at neutral pH (7), and it has been demonstrated
that its fluorescence is sensitive to the local environment.
Upon formation of a well-stacked base pair, the 2-AP
fluorescence is attenuated (8). 2-AP fluorescence can
therefore be used as a nonperturbing probe of local DNA
conformational changes (9).

Classically, two DNA elements have been identified as
being important for the recognition of promoter DNA byE.
coli RNA polymerase: hexameric conserved regions at-35
and-10 with consensus sequences TTGACA and TATAAT,
respectively on the nontemplate strand (10). Some promoters
have a third element, an A+ T rich region between-40
and-60 (11), but this is not the case for the PRM promoter
(12), variants of which are the subject of the current study.
In a functional or open complex, a stretch of DNA extending
from the middle of the-10 region to just past the start site
of initiation is rendered single-stranded by the RNA poly-
merase (10). By substitution of 2-AP into this region, the
melting can be monitored spectroscopically. While our
studies were in progress, the use of 2-AP-substituted DNA
was reported for the study of the interaction of bothE. coli
RNA polymerase (13) and T7 RNA polymerase with their
promoters (14-16).

MATERIALS AND METHODS

Materials. RNA polymerase was purified as described
(17, 18). Titration of 2-AP-substituted DNAC (see Figure
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1) with RNA polymerase (data not shown) showed an
equivalence point of approximately two RNA polymerase
molecules per promoter DNA, consistent with a 50% activity
of the RNA polymerase in our preparation. This is similar
to that found by other methods. Polynucleotide kinase, DNA
ligase, and Klenow fragment of DNA polymerase I were
from Amersham/USB; they were used per the manufacturer’s
recommendation. Polyacrylamide/urea sequencing gel mix
was from Sequagel.
2-AP-Containing Oligodeoxynucleotides.Oligodeoxy-

nucleotides containing 2-AP substitutions were synthesized
as recently described (19).
Promoter Construction. Promoter assembly followed

established procedures (20). Starting with 1 nmol of
oligodeoxynucleotide, the yield of the gel-purified assembled
promoter fragment was 200-400 pmol.
Molecular Biology Techniques.Probing with potassium

permanganate was used to determine the region of strand
separation in open complexes. The previously employed
procedure (21) was used with some modifications. After
incubation of RNA polymerase (200 nM) and promoter
fragment (20 nM) for 15 min in transcription buffer [30 mM
HEPES (pH 7.6), 100 mM KCl, 10 mM MgCl2, and 0.1 mM
DTT] with 50 µg/mL BSA, KMnO4 was added to 46 mM,
and after 2 min, the reaction was quenched withâ-mercap-
toethanol. The DNA was purified by phenol/chloroform
extraction and passage through a Sephadex G-50 spin
column. 32P-labeled primer (to 20 nM) was added and
hybridized by heating and cooling; after extension with
Klenow DNA polymerase, the reaction was analyzed on a
sequencing gel.
Determination of the start site by primer extension was

as described (22). RNA was synthesized in a reaction with
a final RNAP and promoter fragment concentration of 100
nM each in transcription buffer containing 50µg/mL BSA.
The unlabeled RNA was purified by electrophoresis on a
polyacrylamide/urea gel. Primer (AP 2) extension reaction
mixtures each contained 20% of the thus-purified RNA.
Fluorescence Assays.All experiments were carried out

on a Perkin-Elmer LS50B spectrofluorometer using a 300
µL micro cell. The sample compartment was thermostated
at the desired temperature. Samples were excited at 310 nm
(5 nm slit width), and emission was monitored at 370 nm
(15 nm slit width). For kinetic experiments, binding reac-
tions were initiated by addition of active RNA polymerase
in sufficient excess over the promoter DNA (10 nM) so that
pseudo-first-order conditions would apply (see below). In
general, 160µL aliquots of RNA polymerase and DNA at
twice the desired final concentrations in transcription buffer
were preincubated at the temperature of the experiment and
mixed in the cuvette at time 0. As the RNA polymerase
was stored in 50% glycerol, adjustments were made to obtain

a final glycerol concentration of 10% in all reactions
mixtures. Readings were taken at intervals of 15 or 30 s
for 5 (C template) or 15 (NC template) min.
Measurements of the loss of fluorescence signal were

carried out on RNA polymerase-DNA complexes that had
been preincubated for 10-15 min to ensure formation of
open complexes. A mixture of the four NTPs and heparin
was then added to final concentrations of 200 mM and 50
µg/mL, respectively. The fluorescence intensity was mea-
sured at 1 min intervals for 8-12 min.
Stopped Flow Experiments.The experiments were carried

out on an Applied Photophysics SX17MV stopped flow
apparatus in the fluorescence mode. The excitation mono-
chromator was set at 315 nm, and a 350 nm “cut-on” filter
(transparent to light with a wavelength of greater than 350
nm) was used for the emitted light. The syringes were loaded
with samples prepared exactly as indicated above for the
steady state fluorescence measurements, except that the
volumes were adapted to the needs of each experiment. Each
shot involved the mixing of 55µL volumes of DNA and
RNA polymerase solutions in a thermostated reaction cell;
during the interval in which the progress of the reaction was
followed, 1000 data points were collected. For each deter-
mination ofkobs, the values from three or more shots were
averaged.
Data Analysis.Data analysis was carried out with Sigma

plot 4.17 (Jandel Scientific). The experiments were usually
conducted with RNA polymerase in an at least 3-fold excess
over the promoter fragments so that the kinetics would be
pseudo-first-order. The data were then fit to the equation
y ) a[1 - exp(-kobst)] + c, wherey is the fluorescence
signal at 370 nm,t is the time in seconds after mixing
promoter DNA and RNA polymerase,kobs is the pseudo-
first-order rate constant,a is the observed amplitude, andc
is the starting fluorescence signal. Under any set of
conditions,kobs was obtained at several RNA polymerase
concentrations. The parametersKB andkf (see Scheme 1 in
Results) as well as the second-order rate constant (aska )
KBkf) were obtained from the hyperbolic fit of the data to
the equationkobs) ka[RNAP]/(KB[RNAP] + 1). The double-
reciprocal formkobs-1 ) kf-1 + ka-1 [RNAP]-1 was used if
it became clear that the data were not of sufficient quality
to permit a hyperbolic fit (see Results and the footnotes of
Table 1). In the latter case, the second-order rate constant
ka was evaluated more appropriately from the slopes of plots
of kobs as a function of [RNAP].

RESULTS

PRM promoter variants similar to those employed in this
study (Figure 1) have been previously characterized (23).
The 86 bp fragments were assembled from six oligodeoxy-

FIGURE 1: Promoter fragments used in this work. The 86 bp fragments were assembled from six oligodeoxynucleotides, the junctions of
which are indicated by arrows. Positions of 2-AP substitutions (a total of nine in the double helical DNA) are indicated by black dots. The
two variants of the PRM promoter differ in two positions of the-35 region, as shown:NC has a nonconsensus-35 region, andC a
consensus sequence in this region. The sequences of two primers used in the experiments described in Figures 2 and 3 are also indicated.
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nucleotides (as delineated by the arrowheads in the figure)
following established procedures (20). With the goal of
developing a spectroscopic assay for open complex forma-
tion, we have introduced 2-AP substitutions for A residues
in the promoter region that becomes single-stranded upon
open complex formation. The middle oligodeoxynucleotides
in Figure 1 each have several substitutions (as indicated by
the black dots) for a total of nine 2-AP in the double-stranded
DNA, in order to maximize the signal. No substitutions were
made in the-10 region to minimize the possibility of the
modified nucleotide interfering with direct polymerase-DNA
interactions. The ligation of the “outside” oligonucleotide
pairs to that containing the 2-AP yielded the full length DNA
fragment with an overall efficiency of 20-40%. In view of
the relatively small amounts of DNA used in each experiment
(about 1 pmol of DNA), even a small scale (40 nmol)
synthesis of 2-AP-substituted DNA would suffice for the
purpose of assembling enough template for a large number
of experiments. The experiments reported here were carried
out on two promoter variants: variantC has the consensus
and variantNC the wild type-35 region of the PRM promoter
(see Figure 1). Our previous studies (23) showed thatin
Vitro open complex formation atC proceeded with a rate
constant that was about 3 orders of magnitude greater than
at NC and thatin ViVo C-driven expression of a reporter
gene resulted in 5-fold more product.
The use of chemically synthesized DNA fragments (neces-

sary for the base analog substitutions) imposes length
constraints on the promoters employed in these studies. The
main disadvantage of a promoter sequence embedded in a
short DNA fragment is the potential for its occlusion by RNA
polymerase molecules bound at either end. RNA polymerase
has a propensity for end binding (24), possibly because the
fraying of the strands creates stretches of single-stranded
DNA for which the enzyme has high affinity. We attempted
to circumvent this problem through the use of “G-C clamps”
at both ends of the fragment (see Figure 1). Because of this
potential problem and the unknown effect of the 2-AP
substitutions on open complex formation, it was important
to determine whether RNA polymerase interacted properly
with the promoters on the fragments, regardless of the 2-AP
substitutions.
In Figure 2, we present evidence that the region of RNA

polymerase-induced strand separation is as expected for the
PRM promoter. Oxidation by KMnO4 preferentially targets
T residues in single-stranded DNA (25), as would result from
RNA polymerase-induced strand separation in the open
complex. Modified T residues were detected by primer
extension (25); DNA synthesis comes to a halt when the
template presents a modified T at the position that specifies
the next nucleotide to be incorporated. The modified DNA

was probed in both directions to more precisely define the
edges of the strand-separated region. Comparison with the
calibrating sequencing lanes on either side shows that, for
variantC (and forNC, data not shown), the region of strand
separation spans positions-9 (lanes 1-4) to+1 (lanes 5-8),
regardless of whether the DNA contains 2-AP substitutions.
Its location is as expected for promoters utilized byE. coli

Table 1: Summary of Kinetic Data forC andNC

C NC

temp (°C) kf (s-1) KB (M-1) ka (M-1s-1) ka (M-1s-1)

37 2.5( 0.7a (0.8( 0.3)× 107 a (2.0( 0.5)× 107 a (1.6( 0.2)× 105 b

30 - - - (1.2( 0.3)× 105 b

25 0.4-9c (0.1-2)× 107 c (0.6( 0.1)× 107 c (0.6( 0.1)× 105 b

15 -b -b (0.3( 0.02)× 107 b -
a The data of figure 6 were fit to the equationkobs) ka[RNAP]/(KB[RNAP] + 1); error estimated from this as well as from the double-reciprocal

fit (kobs-1 ) kf-1 + ka-1[RNAP]-1). b ka was evaluated from the slope of a plot ofkobs versus [RNAP], constrained to go through the origin; the data
did not permit deconvolution into the componentsKB andkf. cDouble-reciprocal fit. Range of values based on the range found forkf from the
fitting procedure.

FIGURE 2: KMnO4 probing of the region ofC DNA opened by
RNA polymerase. Both the sequences and the determination of the
positions of modification of the promoter DNA employed 5′ 32P
end-labeled primers (see Figure 1), as indicated. Positions of RNA
polymerase-induced modification of the nontemplate strand are
deduced from the bands in lanes 1 (2-AP-substituted DNA) and 3
(unsubstituted) and of the template strand in lanes 5 (2-AP-
substituted DNA) and 7 (unsubstituted). Lanes 2, 4, 6, and 8
respectively are identical to the above, but without added RNA
polymerase.
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RNA polymerase, including PRM (21) of which C andNC
are variants.
The results displayed in Figure 3 address the site of

initiation of RNA synthesis. Runoff transcripts fromC and
NC are similar in size, but both are considerably longer than
the 31 nucleotides expected, on the basis of the position of
the start site (data not shown). This can be explained with
the recently described phenomenon of “template switching”,
which involves the use of more than one template in the
synthesis of a single runoff RNA product (26). Primer
extension probing of the transcript fromC clearly shows that
the start site of transcription on templates without 2-AP is
the same as has previously been observed with PRM and its
variants. Close inspection of the gels does unveil a difference
in the initiation site on templates containing 2-AP; the
preferred site is an “A” two base pairs downstream from
the normally used A site. This may reflect a downstream
extension of the melted bubble, possibly due to the lesser
stability of the 2-AP-T base pairs (5).
Substitution of the base analog 2-AP affords the possibility

of following RNA polymerase-induced strand separation of
promoter DNA in real time, and thus of obtaining information
about the rate of the strand-opening (or -closing) process.
We first demonstrated the feasibility of using 2-AP-
substituted DNA with theNC promoter. To determine
whether the rate of strand opening was affected by the
presence of 2-AP, we measured the kinetics of complex
formation by the gel mobility shift assay (21); only open
complexes have a long enough lifetime to be detected on

the gel. We used four different versions of theNC DNA:
containing no 2-AP, with the substitutions as indicated in
Figure 1, and with 2-AP at the indicated positions on either
one of the two strands. With each of the four templates, a
first-order rate constant of (7( 2)× 10-3 s-1 was obtained
at 37 °C and an active RNA polymerase concentration of
50 nM (data not shown). This indicates that the presence
of the 2-AP substitutions did not affect the rate of open
complex formation despite the reduced stability of a 2-AP-T
base pair. This observation is also consistent with the notion
that strand separation is not the actual rate-limiting process.
Upon mixing a 2-AP-containing promoter fragment with

RNA polymerase, an increase in the fluorescence signal
(excitation at 310 nm, emission at 370 nm) is observed. The
amplitude of this signal is approximately 2/3 of that of the
sum of the individual signals obtained with the same
concentration of the two 2-AP-bearing oligonucleotides (2
and 5 in Figure 1; data not shown). At equimolar ratios of
RNA polymerase and 2-AP-substituted DNA, both contribute
approximately equally to the observed signal in the 330-
400 nm range. Subtraction of the signal due to the RNA
polymerase results in a spectrum with a maximum at 370
nm (data not shown), characteristic of the emission spectrum
of 2-AP (9). Control experiments demonstrated that no such
signal was observed with DNA lacking 2-AP substitution,
or with 2-AP-substituted DNA at a temperature of 5°C,
where promoter binding but no strand separation is expected
to occur (27). From these results, as well as the known
sensitivity of 2-AP to its environment (8), we conclude that
the observed fluorescence signal reflects RNA polymerase-
induced melting of DNA in the region containing the 2-AP
substitutions.
Monitoring of the increase in fluorescence signal in a

fluorometer after manual mixing of 10 nM 2-AP-substituted
NC and 50 nM RNA polymerase yielded akobs of (9 ( 2)
× 10-3 s-1 at 37°C, in good agreement with results obtained
by the gel shift assays on this same promoter (see above).
On the basis of these results, an apparent second-order rate
constant of approximately 2× 105 M-1 s-1 can be calculated
(ka ) kobs[RNAP]), if the reaction is modeled as a one-step
process; this approximation is reasonable under the condi-
tions of the experiment (see below). Data collected over a
range of RNA polymerase concentrations revealed an ap-
parently linear dependence ofkobs versus [RNAP] (thin line
in Figure 4), but with a physically uninterpretable negative
y axis intercept. We surmise that this behavior might be
due to a lack of precision in our measurements, or that it is
due to RNA polymerase binding to the ends of the fragment
where it could interfere with interaction at the promoter.
From the slope of the plot,ka is determined to be (2.4(
0.4)× 105 M-1 s-1, in good agreement with the observations
above. If the fit is constrained to go through the origin (thick
line in Figure 4), a shallower slope is obtained andka )
(1.6( 0.2)× 105 M-1 s-1; clearly, the values cluster about
aka ) 2× 105 M-1 s-1 for theNC promoter at 37°C. Values
for ka determined at three different temperatures are collected
in Table 1.
Open complex formation at theC promoter proceeded to

completion in too short a time to monitor the process with
a regular spectrofluorometer (data not shown). In Figure 5,
the results are shown of an experiment in which the
fluorescence signal at wavelengths of greater than 350 nm
was followed after mixing of RNA polymerase and 2-AP-

FIGURE 3: Determination of the start site for RNA synthesis. The
identity of the 5′-most nucleotide of the RNA is revealed by that
at the 5′ end of the DNA made using the RNA as template and
primed by32P-labeled AP 2 (the DNAs are indicted by the arrows).
Calibration of the gel is by DNA sequencing lanes using exactly
the same primer. Sequencing and primer extension lanes are shown
in different exposures.
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substituted DNAC at 37 °C in a stopped flow apparatus.
The data set is fit very well by a single-exponential, three-
parameter equation, as described in Materials and Methods.
The curve drawn through the data points is for an observed
first-order rate constant,kobs) 0.69 s-1. The rate of complex
formation at 37°C on theC template as a function of the
RNA polymerase concentration (at sufficient excess to
maintain pseudo-first-order conditions) is shown in Figure
6. Each data point is the average of at least three separate
determinations; error bars represent the standard deviation.
The thicker line is the best fit of the data to a rectangular
hyperbola,kobs) ka[RNAP]/(KB[RNAP] + 1), representing
a pre-equilibrium model, with an irreversible rate-limiting
step for formation of an open complex (28):

Here,KB [(0.8( 0.3)× 107M-1 for the data shown in Figure
6] is the equilibrium constant for the interaction of RNA
polymerase (R) and promoter (P) which forms the closed
complex (RPc); kf (2.5 ( 0.7 s-1) is the first-order rate
constant for the conversion of RPc to the open complex, RPo,
and the second-order rate constantka ) KBkf (2 × 107 M-1

s-1). In Table 1, we have collected kinetic data obtained
with theC promoter at three different temperatures.
Also shown in Figure 6 is a linear fit with a correlation

coefficient of 0.98 (thinner line); clearly, the error in the
data does not allow ana priori evaluation of which of the
two mechanisms affords a better analysis of the data. The
simplest reaction scheme compatible with a linear depen-
dence ofkobs on [RNAP] is shown below:

Herekobs) ka[RNAP] + kd. The second-order rate constant
for formation of open promoter complexes,ka, as determined
from the slope of the line is (1.0( 0.1)× 107 M-1 s-1, in

good agreement with the value reported above. The intercept
with they axis (0.15( 0.04 s-1; error estimate based on the
least-squares fit) equalskd; this would correspond to a half-
life for the RPo complex of about 5 s. Other models, more
complex than that of Scheme 2, are also compatible with a
non-zero intercept for a plot ofkobs versus [RNAP]. These
will be considered in the Discussion.
From the slopes of plots of lnka (as determined from the

productKBkf for C) versus 1/T (not shown), the activation
free energy for open complex formation was determined to
be 15 kcal/mol in the 37-15 °C range. For theNC
promoter, the temperature dependence ofka (determined for
the 37-25 °C range, see Table 1) also yielded anEa of 15
kcal/mol. These values ofEa are lower than the 40 kcal/
mol previously determined (29) for another variant of PRM
(same-35 region asNC and one nonconsensus bp in the

FIGURE 4: Dependence of observed rate constants (kobs) for open
complex formation at theNC promoter on the concentration of
active RNA polymerase. Each independent determination was
carried out by manual mixing and monitoring the development of
the fluorescence signal in a cuvette. The DNA concentration was
10 nM. The thin line represents a least-squares fit through the data
points [y intercept) -(3.2( 2.4)× 10-3 s-1 ) and the thick line
a fit constrained to go through the origin.

Scheme 1

R+ P y\z
KB

RPc 98
kf
RPo

Scheme 2

R+ P y\z
ka

kd
RPo

FIGURE 5: Time dependence of the increase in fluorescence upon
mixing RNA polymerase (50 nM) with theC template (10 nM).
The experiment was performed with a stopped flow thermostated
at 37°C. The fluorescence was excited at 315 nM and measured
after passage through a 350 nm cut-on filter; 1000 data points were
accumulated over the 10 s time course of the experiment. The line
drawn through the data points is a one-exponential fit through the
data points with akobs) of 0.69( 0.1 s-1. Residuals are shown at
the top.

FIGURE 6: Dependence of observed rate constants (kobs) for open
complex formation at theC promoter on the concentration of active
RNA polymerase. Error bars represent standard deviations deter-
mined from averaging multiple individual experiments at each
concentration. The DNA concentration was 3 nM for the lowest
concentration of RNA polymerase and one of the two determina-
tions at the next lower concentration and 10 nM for the others.
The linear (thin line) and hyperbolic fits (thicker line) are applicable
to different models for the mechanism of formation of an open
complex at the promoter (see the text).
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-10) but similar to that for open complex formation at PR

(30). For the latter,Ea was reported to be 20 kcal/mol in
the 37-25 °C range, and greater at lower temperatures. Our
data set (see Table 1) is not extensive enough for either
promoter to allow an assessment of whether the interaction
of RNA polymerase with the constructs studied here also
exhibits a temperature-dependentEa.
As an assay for promoter clearance, we have also measured

the rates of promoter annealing upon addition of nucleoside
triphosphates to preformed open complexes for the constructs
shown in Figure 1; see Figure 7. At the indicated zero time,
all four nucleoside triphosphates and heparin were added to
the complex and decay of the fluorescence signal was
followed as a function of time. These data were fit
adequately to a single exponential (see Materials and
Methods). On the basis of multiple determinations, the
calculated first-order rate constants of strand closing for the
C andNC templates were (5.5( 2.5)× 10-3 and (7.7(
2.7)× 10-3 s-1, respectively. These values are similar within
the error of the assay and indicate a half-time of about 2
min for the observed loss of signal.

DISCUSSION

We have demonstrated the feasibility of spectroscopically
monitoring open complex formation betweenE. coli RNA
polymerase and short promoter-containing DNA fragments
bearing 2-AP substitutions. For theC construct, no indica-
tion of interference was seen either from the substituted 2-AP
nucleotides or from end binding by RNA polymerase, but
possibly such interference comes into play for the weaker
NC promoter. However, it should not be difficult to generate
substantially longer synthetic fragments using the ligation
scheme we employed, by increasing the sizes of the two
outside pairs of oligodeoxynucleotides on either side of the
2-AP-labeled fragments. This would not only put the
promoter region farther from the ends but also allow the
inclusion of upstream control regions, such as UP elements
(11), on the DNA templates.
With templateC, we determined a value forka of (0.6(

0.1)× 107 M-1 s-1 at 25°C. This can be compared with a

ka ) 107 M-1 s-1 (23) obtained at the same temperature with
this promoter contained on linear plasmid DNA in a buffer
with the same monovalent cation concentration, but with pH
8.0 and 3 mM MgCl2 instead of pH 7.6 and 10 mM as used
here. Each of the two differences may have a sizable effect,
but the two are predicted to be in opposite directions. We
estimate the effects of the two differences approximately
cancel on the basis of the pH and Mg2+ dependencies for
theequilibriumbinding constant for the interaction between
E. coli RNA polymerase and T7 early promoters (31).
Therefore, we conclude that having the promoter on an 86
bp fragment as compared to a 9 kbplasmid does not result
in major deleterious effects. The experiments reported here
show thatka for C is about 100-fold greater than that for
NC. We believe that this more accurately reflects the relative
strengths of the two promoters than our previous estimate
of 1000-fold (23), which was based on less extensive data.
With DNA C at 37 °C, we found ka ) 1-2 × 107

M-1 s-1 (depending on the method used to evaluateka). This
result can be compared to the extensive filter binding studies
of Record and co-workers on the interaction ofE. coliRNA
polymerase with the PR promoter of bacteriophageλ (30).
They found thatka ) 2.7× 106 at 37°C in buffer at pH 8.0,
containing 0.12 M KCl. Again using the results of Strauss
et al. (31), we estimate that this value is about ten-fold lower
than it would have been in our buffer (pH 7.6 and [KCl])
0.1 M), thus establishing theC and PR promoters as about
equally fast in forming an open complex at 37°C. Open
complex formation at theC promoter is 1 order of magnitude
slower than that at the rrnB promoter containing the UP
element (11); ka ) 108 M-1 s-1 at pH 7.9 and 30 mM KCl,
which may be near the diffusion limit. The difference
between the rates may be as much a result of the differences
in solution conditions as in the intrinsic strengths of the two
promoters, but the fastest rate we observe is clearly at least
1 order of magnitude below the diffusion limit. As the
difference cannot be explained on the basis of the size of
the fragments used (see above), it has implications for the
mechanism of open complex formation at theC promoter.
It is useful to review four constraints to any model for

the process of open complex formation that can be used to
interpret our data. First, the observed signal is due to an
actual strand-opening process; we do not observe a signal
when RNA polymerase and 2-AP-substituted DNA are mixed
at 5 °C and no strand opening occurs. In addition, others
have shown that the fluorescence of 2-AP-substituted DNA
increases upon melting (8, 9). Second, open complex
formation is a multistep process. The slower than diffusion-
limited reaction rate and the high energy of activation (see
Results) both validate this contention. Others have addressed
this question for various promoters (28, 30, 32, 33) and
concluded (see ref 1 for a recent review) that Scheme 2,
while practically useful, is a substantial oversimplification
of the process. Third, formation and dissociation of a closed
complex are fast compared to the rate with which this
complex is converted to complexes farther along the pathway
of the reaction. For the PRM promoter, this has been elegantly
demonstrated by Hawley and McClure (34). Fourth, the final
open complex is generally very stable, making its formation
essentially an irreversible process. We have observed that
addition of heparin to preformed complexes did not result
in a reversion of the fluorescence enhancement over a 30
min period (data not shown). This indicates that dissociation

FIGURE 7: Time-dependent loss of the fluorescence signal upon
addition of NTPs to preformed open complexes. Data collection
was initiated immediately after addition of a mixture of ATP, CTP,
GTP, and UTP (to a final concentration of 200 nM each) and
heparin to open complexes formed at 37°C. The data points are
the averages of five and three individual experiments forC (open
circles) andNC (closed circles), respectively. The curves represent
one-exponential fits to these data, with rate constants of 0.42(
0.02 and 0.32( 0.02 min-1, respectively, for the above two
promoters.
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of the open complex is negligible over this time span, in
agreement with our previous studies on variants of the PRM

promoter (35).
Scheme 1 is a minimal model which satisfies the criteria

laid out above. It has been very useful for the interpretation
of kinetic experiments carried out by manual mixing, and
its validity has recently been reaffirmed by Record and co-
workers (personal communication, 1997). The simplest
modification of Scheme 2 which not only satisfies the above
criteria but also preserves the reversibility of the formation
of the complex responsible for the observed fluorescence
signal is shown as Scheme 3:

The first step is the rapid equilibrium between the closed
complex and the free RNA polymerase and promoter DNA
and the second the reversible formation of an open complex,
RPo*, which would be responsible for the observed fluores-
cent signal, and the third would generate the stable, classi-
cally studied open complex RPo without further contributing
to the signal. This putative last step would have to occur
on a time scale of tens of seconds to a few minutes in order
to be both slower than dissociation of RPo

* (the back-
reaction) and fast enough to have escaped detection in
manual-mixing experiments. Scheme 3, just as Scheme 1,
would result in a hyperbolic fit; the data shown in Figure 6
would be in the quasi-linear range of the hyperbola
(KB[RNAP] , 1), and a substantially larger [RNAP] would
be required to approach a plateau value forkobs.
The crucial difference between Schemes 1 and 3 is they

axis intercept. An intercept of 0 would indicate that Scheme
1 was the simplest interpretation of the data, but a non-zero
intercept would require the introduction of the unstable open
complex intermediate, RPo*, as shown in Scheme 3. While
the data in Figure 6 appear to support an interpretation
compatible with Scheme 3, there are insufficient data points
in the region of low [RNAP] to allow a clear differentiation
between the two models. We have probed the stability of
the earliest detectable open complex by a manual quench
experiment. Within 15 s of mixing RNA polymerase (100
nM active enzyme) and constructC (25 nM), heparin was
added to inactivate free RNA polymerase and thus enable
an investigation of the stability of the complex formed during
the prior short incubation. Analysis of the samples by gel
electrophoresis demonstrated the formation of a gel-shifted
complex within 10 s, in agreement with the data presented
in Figure 5. Within 15 s of heparin addition, less than 15%
dissociation of this species was observed, and increased
incubation times did not result in further dissociation (J. J.
Sullivan and P. L. deHaseth, unpublished). On the basis of
the model represented in Scheme 3, this would indicate that
at least 85% of the complex had already been converted to
the stable form RPo in 15 s, with an estimated rate constant
of 0.13 s-1 and a relaxation time of 8 s. This would be
similar to the rate of back-reaction of the postulated RPo*,
which is inconsistent with the assumption on which Scheme
3 is based, namely that the formation of RPo* would be
reversible and the back-reaction thus substantially faster than
the formation of RPo. Thus, we conclude that it is unlikely

that the fluorescent signal we detect reflects the formation
of an unstable open complex intermediate at theC promoter.
We have also demonstrated the feasibility of using 2-AP

as a probe for monitoring promoter clearance upon the
addition of NTPs to a preformed open complex. In studies
of the effect of promoter strength on the rates of open
complex formation and promoter clearance, an inverse
relationship was found between the rates of these two
processes (36, 37). Possibly, it is more difficult for RNA
polymerase to leave stronger promoters with which it initially
established more favorable contacts. As our data (see Table
1) indicate a 100-fold greater rate constant for open complex
formation atC than atNC, we expected that after addition
of NTPs theC promoter would close at a slower rate than
NC. However, no significant difference was observed
between the two promoters. For two promoters differing
by only one base pair (Pant and its consensus variant), Smith
and Sauer (37) observed that Pant was cleared faster. The
promoters used by these workers differed in the sequence
of their-10 region, while ours have different-35 regions.
It may be that the-10 region is a more important
determinant of promoter clearance and that an entirely
consensus-10 region specifies an especially slow rate for
this process (36, 37). The rate constants for promoter
clearance that can be calculated from our data are in
surprisingly good agreement with those determined for Pbla

(38) and Pant (37). With measurement of rates for single-
round runoff RNA synthesis from PRM promoter variants,
very similar results have again been obtained (F. Campbell,
D. R. Setzer, and P. L. deHaseth, unpublished). Apparently,
the rate of promoter clearance is slow compared to the rates
of open complex formation or elongation. Thus,in Vitro,
promoter clearance is the limiting step in the initiation of
RNA synthesis from the PRM, Pant, RNAI, and bla promoters.
For Pant and its consensus variant, it was shown that Arc
protein was able to accelerate this process (37). GreA and
GreB have also been observed to facilitate promoter clear-
ance (39).
While our experiments were in progress, three reports

appeared on the use of short, 2-AP-substituted, synthetic
promoters for monitoring open complex formation with T7
RNA polymerase (14-16). Beechem and co-workers de-
scribed the use of 2-AP-substituted promoters to monitor
transientE. coliRNA polymerase-induced strand separation
at a synthetic promoter (13) during the process of RNA
synthesis. In addition, these workers used two other probes
to detect RNA polymerase binding, independent of strand
opening, as well as to monitor phosphodiester bond formation
during the course of RNA synthesis. Our work and the latter
study are complementary. We have demonstrated that 2-AP
substitution does not greatly affect the region of strand
separation or the position of the start site and that end effects
are not a problem in the study of strong promoters. Thus,
our results validate the use of this base analog on relatively
short synthetic DNA fragments. While Dunkak et al. (13)
established the feasibility of using 2-AP to detect the strand
separation process, the kinetic studies presented by these
workers were obtained by monitoring fluorescence anisotropy
of a probe attached at one end of an 80 base pair synthetic
fragment bearing a consensus promoter sequence. The time
course of RNA polymerase binding at 37°C is similar to
that shown in Figure 5, and association rate constants of 1.5
× 107 to 7.4× 107 M-1 s-1 are obtained from data initially

Scheme 3

R+ P y\z
KB

RPc y\z
k2

k-2
RPo

* 98
k3
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subjected to, respectively, one- and two-exponential fits;
these values are within 1 order of magnitude of that reported
here forC at 37°C. An as yet unexplained feature of the
work of Dunkak et al. (13) is the slow appearance of both
the 2-AP fluorescence signal and that due to RNA synthesis
(estimated half-times of at least 10 min). It does not appear
that these observations are related to the slow re-annealing
we observe upon initiation of RNA synthesis (see Figure
7).
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